A n A ly s i s
Technical variation in metagenomic analysis must be minimized to confidently assess the contributions of microbiota to human health. Here we tested 21 representative DNA extraction protocols on the same fecal samples and quantified differences in observed microbial community composition. We compared them with differences due to library preparation and sample storage, which we contrasted with observed biological variation within the same specimen or within an individual over time. We found that DNA extraction had the largest effect on the outcome of metagenomic analysis. To rank DNA extraction protocols, we considered resulting DNA quantity and quality, and we ascertained biases in estimates of community diversity and the ratio between Gram-positive and Gram-negative bacteria. We recommend a standardized DNA extraction method for human fecal samples, for which transferability across labs was established and which was further benchmarked using a mock community of known composition. Its adoption will improve comparability of human gut microbiome studies and facilitate meta-analyses.
More than 3,000 publications in the past five years have used DNA-or RNA-based profiling methods to interrogate microbial communities in locations ranging from ice columns in the remote arctic to the human body, resulting in more than 160,000 published metagenomes (including shotgun and 16S rRNA gene sequences) 1 . The human gastrointestinal tract is one of the most studied of these ecosystems. The gut microbiome is of particular interest due to its large volume, high diversity and relevance to human health and disease. Numerous studies have found specific microbial fingerprints that may be useful in distinguishing disease states, for example, diabetes [2] [3] [4] , inflammatory bowel disease (IBD) 5, 6 or colorectal cancer 7 . Others have linked human gut microbial composition to factors such as mode of birth, age, diet or medication [8] [9] [10] [11] . Such studies have almost exclusively used their own methodology and a demographically distinct cohort. Numerous reports of batch effects 12 and known differences when analyzing data generated using different protocols [13] [14] [15] [16] [17] [18] mean that comparisons or meta-analyses are limited in their interpretability. For example, healthy Americans from the Human Microbiome Project study showed lower taxonomic diversity in their stool than patients with IBD from a European study 19 , although it is established that IBD patients worldwide have reduced taxonomic diversity 20 . This illustrates the difficulties in disentangling biological from technical variation when comparing across multiple studies 21 .
In metagenomic studies, the calculation of compositional profiles and ecological indices is preceded by a complex data-generation process, consisting of multiple steps ( Fig. 1) , each of which is subject to technical variability 22 . Usually, a small sample is collected by an individual shortly after passing stool and stored in a domestic freezer before being shipped to a laboratory. The location within the specimen from which the sample is taken has been shown to impact the measured composition 23 , which is why in some studies 24 larger quantities are homogenized before storage in order to generate multiple identical aliquots. Furthermore, different fixation methods are used to preserve samples for shipping and long-term storage. Freezing at below −20 °C is the norm, though more practical alternatives exist [23] [24] [25] . Eventually, DNA is extracted from the sample, followed by library preparation, sequencing and downstream bioinformatics analysis (Fig. 1) .
We examined the extent to which DNA extraction influences the quantification of microbial composition, and compared this variable with other sources of technical and biological variation. Most protocol comparison studies to date have used a 16S rRNA gene amplification Towards standards for human fecal sample processing in metagenomic studies A n A ly s i s approach, which suffers from additional problems. Specifically, the choice of primer, PCR biases and even the choice of polymerase can affect the results of 16S rDNA studies 26 , which may result in different outcomes when carrying out the same DNA extraction comparison in a different laboratory. Fortunately, these problems do not affect shotgun metagenomic sequencing.
We compared a wide range of DNA extraction methods, using shotgun metagenomic sequencing as the readout, and assessed taxonomic and functional variability while keeping all of the other steps standardized. We investigated the most commonly used extraction kits with varying modifications, as well as additional protocols that do not make use of commercially available kits (Supplementary Data 1 and Online Methods). Although other studies have investigated differences between DNA extraction methods in one setting 12, 15, 16, 27 , we systematically tested reproducibility within and across laboratories on three continents, by applying strict and consistent quality criteria.
Finally, we checked the accuracy of the best-performing DNA extraction methods using a mock community of ten bacterial species whose exact relative abundance is known. This community includes both Gram-positive and Gram-negative bacteria, and their relative abundances span three orders of magnitude. Based on these results we recommend a standardized protocol for DNA extraction from human stool samples. If accepted by the research community, we believe that this protocol will greatly enhance comparability among metagenomic studies.
RESULTS

Study design
Our study had two phases. In the first phase, to assess the variability introduced by different DNA extraction methods, we produced multiple aliquots of two stool samples (obtained from two individuals and named sample A and B). Within 2 h of emission, the samples were homogenized in an anaerobic cabinet (to ensure that the different aliquots had identical microbial compositions) and aliquots of 200 mg were frozen at −80 °C within 4 h. We shipped four aliquots of each sample, frozen on dry ice, to 21 collaborating laboratories in 11 countries on three continents. Participating laboratories used extraction methodologies ranging from the seven most commonly used extraction kits (Invitek's PSPStool, Mobio's PowerSoil, Omega Bio Tek's EZNAstool, Promega Maxwell, Qiagen's QIAampStoolMinikit, Bio101's G'Nome, MP-Biomedicals's FastDNAspinSoil and Roche's MagNAPureIII) to non-kit-based protocols (Supplementary Data 1 and Online Methods). Each lab performed at least four extractions, after which the DNA was shipped to a single sequencing center (GENOSCOPE, France), which tested two different library preparation methods on a subset of samples (Online Methods) before performing identical sequencing and analytical methods in an attempt to minimize other possible sources of variation.
In a second phase, after considering the quantity and integrity of extracted DNA, the recovered diversity and the observed ratio of Gram-positive bacteria, we selected five protocols (numbers 1, 6, 7, 9 and 15; see Supplementary Methods for full descriptions of all 21 protocols). As three of these were very similar (6, 9 and 15), they were combined into one, resulting in three protocols being compared in this phase. For each protocol, extractions were then performed in the original laboratory that used that protocol and in three additional laboratories, none of which had used the method before, in order to assess reproducibility of this subset of protocols among laboratories. Three aliquots of samples A and B were provided to each laboratory, as detailed above.
To quantify the absolute extraction error of the three protocols, we prepared a mock community consisting of 10 bacterial species that are generally absent from the stool of healthy individuals (Supplementary Data 2) , such that the cell density of all species in the mock community was predetermined. DNA was extracted from the mock sample and from eight additional samples, each consisting of stool from a unique individual spiked with similar proportions of the mock community (in order to emulate a realistic setting). All of these extractions were carried out at a lab that had not previously used any of the three extraction methods, further testing the reproducibility of the methods.
Quality control for DNA yield and fragmentation Maximizing DNA concentration while also minimizing fragmentation are key aspects to consider when selecting an extraction protocol. This is both because high quality libraries are required for shotgun sequencing and because protocols that consistently recover low-yield A n A ly s i s or highly fragmented DNA are likely to skew the measured community composition. We found considerable variation in the quantity of extracted DNA, in line with previous observations 28 (Fig. 2) . For example, protocol 18 recovered 100 times more DNA than protocols 3 and 12 and recovered 10 times more than protocols 8, 19 and 20 ( Fig. 2) . Furthermore, there was considerable variation in the fragmentation of the recovered DNA, as measured by the percentage of total DNA in fragments below 1.8 kb in length; for example, protocols 4, 10 and 12 consistently yielded highly fragmented DNA, while no fragmentation was observed for protocol 1. For subsequent analysis, samples that yielded less than 500 ng of DNA or were very fragmented (median sample fragmentation above 25%) were not subjected to sequencing. In total, 143 libraries extracted using 21 different protocols passed the quality requirements imposed above, though (as an example) only 4 of 18 samples extracted with protocol 16 (one sample A and three sample B replicates) met the requirements (Supplementary Data 3) . For other protocols, small numbers of samples were discarded for lack of compliance with quality and/or quantity criteria.
Quality control for variability in microbial composition
All metagenomes were compared with respect to taxonomic and functional composition to quantify the relative abundances of microbial taxa and their respective gene-encoded functions (Online Methods). Briefly, based on the extracted DNA, shotgun sequencing libraries were prepared and subjected to sequencing on the Illumina HiSeq2000 platform, yielding a mean of 3.8 Gb (±0.7 Gb) per sample. Raw sequencing data were then processed using the MOCAT 29 pipeline, and relative taxonomic abundances and gene functional abundances were computed by mapping high-quality reads to a database of single-copy taxonomic marker genes 19 and to annotated human gut microbial reference genes 30 , respectively (Online Methods).
There are, as outlined above ( Fig. 1) , many steps in which sample handling can differ and batch effects can be introduced. The resulting variation in taxonomic and gene functional composition estimates should be considered in terms of both effect size and consistency: if protocol differences result in an effect larger than the biological variation of interest (for example, in an intervention study), it will mask that signal. Consistent 'batch effects' will introduce bias that can distort a meta-analysis even if their absolute size is comparatively small. It is important to minimize these biases in order to facilitate cross-study comparisons.
To contextualize the magnitude of the extraction effect, we compared the technical variation quantified here (caused by extraction protocol) to other technical and biological effects (Fig. 3 ) assessed on available data from multiple other studies 23, 24, 31 (Online Methods). The greatest difference was observed between individuals, though we note incongruences in the size of this effect between cohorts, due to the extraction method used; protocols that generally underestimate diversity will cause samples to look more similar to each other ( Supplementary Fig. 1 ). The next-largest difference was the withinindividual variation, as measured between different sampling time points for the same individuals. This effect was much smaller than the between-individual variation, resulting in individual-specific microbial composition preservation over time, as noted before 19, 23, 32 . The smallest contributor observed, quantified on a small number of samples (n = 7), was within-specimen variation, resulting from sampling different parts of the stool itself 23 . In terms of technical sources of variation, we have considered measurement errors (assessed through technical replication), library preparation and effects introduced by the two most widely used preservation 23, 24 methods (fresh freezing and RNAlater). It is important to note that these effects have not all been measured independently of each other, resulting in some of the quantified variations being a composite of multiple effects (Fig. 3) .
Various distance measures can be used to assess the magnitude of these effects. We focused here on two, which are complementary in terms of the features of the data they consider and thus the dimensions, which become relevant. These distance measures were computed on abundance data from both single-copy taxonomic marker genes 21 and clusters of orthologous groups 33 to derive species and functional variation (Online Methods). First, we used a Spearman correlation to assess how well species abundance rankings are preserved and found that the variation between most extraction protocols was smaller than the technical within-specimen variation (Fig. 3a) . This suggests that, with the exception of protocols 8 and 12, all others recovered comparable species rankings. Consequently, if only the ranks are of interest, most of the available protocols would provide highly comparable results. However, for many applications the abundances of the taxonomic units are important and need to be commensurable. Using a Euclidean distance (which cumulates abundance deviations) we found that many protocols were not comparable and actually introduce large batch effects at the species level, with the median between-protocol distance being higher than the within-specimen variation (Fig. 3a) , hampering the comparability of samples generated with different extraction methods. To assess similarity between extraction protocol effects, we used principle coordinate analysis (Online Methods) to visualize these distance spaces (Supplementary Fig. 2 ). These indicated that protocol 12, and to a lesser extent protocols 3, 8, 11, 16 and 18 as well, had an abundance profile that differed from most of the other protocols.
Analysis of functional microbiome composition, based on clusters of orthologous groups (Fig. 3b and Online Methods), showed A n A ly s i s that the majority of extraction protocol effects were greater than biological variation within specimens and across time points within the same individual (Fig. 3b) , and some of them were greater even than between-subject variability. This may in part be due to the known, relatively low variation between individuals in this space 31, 34 and would dramatically influence conclusions taken from comparative studies.
Among the sources of technical variation, the within-protocol variation (i.e., measurement error) was consistently smallest, comparable to in magnitude to the library preparation effect being (Fig. 3a,b) . The variation introduced by storage method (RNAlater versus frozen) was larger than within-protocol variation and, as previously shown, smaller than within-specimen variation in taxonomic space 23, 24 . Taken together, these results show that different DNA extraction protocols result in substantial technical variation, both in taxonomic and in functional space, highlighting that this is a crucial step in any microbiome study.
Quality control for species-specific abundance variation Having quantified and contextualized the different biological and technical sources of variation, we next assessed the quality of different DNA extraction protocols 18, 28, 35 by investigating speciesspecific effects and measured diversity. We argue that this provides a good proxy for estimation accuracy and is, in principle, applicable to any metagenomic sample without additional sequencing and cultivation efforts.
We investigated species-specific abundance variation to assess which were most influenced by the extraction protocols. For this, we compared the estimated abundance of a given species in all replicates of a given protocol to the abundances of that species in all replicates of all other protocols, by performing a Kruskal-Wallis test (Online Methods). We then applied a false discovery rate correction to the obtained P values. Of the 366 tested species, we found 90 that were significantly affected by extraction protocol (q < 0.05). The majority of these were Gram-positive, accounting for 37% (±7%) of the sample abundance, on average (Fig. 4) .
These results are in line with previous observations that Grampositive bacteria are more likely to be affected by extraction method 13, 35 and are also to be expected, based on our extensive knowledge of Gram-positive cell walls and their considerably higher mechanical strength. These differences do not reflect the overall performance of any of the protocols but highlight upper limits of the effect size that may be observed for these species. For a fair comparison, we contrasted the recovered abundance of some of the significantly affected species with the mean abundance of the top five highest estimates. This clearly showed that most protocols estimated considerably lower Gram-positive bacteria fractions, while the variation in Gram-negative abundance estimations was comparatively small (Fig. 4) .
As the observed biases suggested protocol-dependent incomplete lysis of Gram-positive bacteria, we hypothesized that this would result in decreased diversity. We thus evaluated whether diversity is a good general indicator of DNA extraction performance. Using the Shannon diversity, which accounts for both richness and evenness, we saw that the recovered relative abundance of Gram-positive bacteria correlated with the observed diversity, with a higher fraction of Gram-positives resulting in higher diversity (Supplementary Fig. 3) . Furthermore, we found dramatically reduced diversity in protocols already determined to perform poorly with regards to DNA quality (i.e., protocols 3, 11 and 12; Supplementary Fig. 4) . We conclude that a diversity measure is a good proxy for overall protocol performance and accuracy of the recovered abundance profile. Figure 3 Effect of DNA extraction protocol and library preparation on sample composition. Using both Euclidean and Spearman distance measurements (Online Methods) on (a) species abundances (using single-copy taxonomic marker genes (mOTUs) 19 ), as well as on (b) functional abundances (using clusters of orthologous groups (COGs) 33 ), shows the relative effect size of different sources of variation. These have been assessed on independent samples from different studies and thus also capture additional differences. Library preparation and withinprotocol variation (var.) have the smallest effects, while between-protocol variations may be greater than some biological effects 23, 24 . Right: heat maps show all pairwise distances between protocols, highlighting which protocols may be considered comparable and which not under different measures of similarity, as encoded by letters D, H and G on the bottom right.
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Factors influencing DNA extraction outcome Using diversity as an optimality criterion, we determined protocol parameters that were significantly associated with this indicator (P < 0.05; Fig. 5 ). For this purpose we focused on protocols that use Qiagen kits 15 , namely numbers 5, 6, 8, 9, 11, 13, 15 and 20, which reduced the number of variables that can influence the outcome. We found that mechanical lysis, zirconia beads and shaking were positively associated with diversity. We note that there was no association with DNA fragmentation, as all of the samples extracted with these protocols had few fragments below 1.8 kb (Fig. 2) . This was consistent with the notion that mechanical lysis and bead beating are necessary to efficiently extract the DNA of Gram-positive bacteria, which have cell walls that are harder to break 35 , and also in line with our postulation that effective Grampositive recovery will increase the observed diversity. The only significant negative association (Fig. 5) was with the InhibitEX tablet, which was included in the kit and which the manufacturer recommends for "absorb[ing] substances that can degrade DNA and inhibit downstream enzymatic reactions so that they can easily be removed by a quick centrifugation step." 36 However, our assessment suggests that this tablet has an adverse effect on DNA extraction quality. This analysis suggests specific modifications with which extraction methods-also currently suboptimal-could be improved, independent of all other variables. For example, introducing a bead beating step is likely to improve the extraction, independent of the specific commercial kit used; adding such a step to the only protocol using Mobio's PowerSoil kit (protocol 3) would be expected to improve its performance. Our results may therefore generally inform the future development of better DNA extraction protocols.
Protocol reproducibility among laboratories
Based on the quality of the extracted DNA, species diversity and species-specific biases, we selected the five best performing protocols, numbers 15, 7, 6, 9 and 1 (in this order), to be tested for reproducibility across laboratories (phase II). Protocols 15, 6 and 9 use the same Qiagen-based lysis and extraction kit and were combined into a slightly modified protocol, which we coded Q (Supplementary Methods). Protocols 1 and 7 were coded as H and W, respectively. Laboratories that originally delivered DNA based on the protocol implementations Q, W and H replicated those extractions in phase II, ensuring that the variability was comparable to that observed in the first set of extractions (Supplementary Fig. 5 ).
Each extraction method was established and performed in triplicate in three other laboratories, which had no experience with the respective protocol they were assigned, to assess the wider applicability of each as a standard extraction protocol. All three methods were reproducible across locations, though only protocol H had an effect below that of the smallest biological variation (i.e., within-sample). Protocols W and Q introduced a cross-lab effect comparable to within-sample variation (Supplementary Fig. 5 ). 2 3 4 5 6 7 8 9 10 11 12 13 14 15 16 17 18 4 5 6 7 8 9 10 11 12 13 14 15 16 17 18 19 20 21 Figure 4 Species-specific abundances variation shows that biases are consistent across the two samples. Considering species for which the abundances are significantly different between extraction protocols (Kruskal-Wallis test, false discovery rate (FDR) corrected P < 0.05), we show that Gram-positive bacteria are heavily underestimated compared to the mean across the five highest recovered ratios, while Gram-negative bacteria are only slightly, though significantly, skewed. Abundances are calculated using mOTUs 19 , with only those having a species level annotation being shown.
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Although protocol H seemed to be more reproducible across laboratories, it underestimated Gram-positive bacteria compared to the other two protocols (Supplementary Fig. 5 and protocol 1 in Fig. 4 ) and so yielded less diverse estimates of microbial composition. Protocol W, while also more reproducible ( Supplementary Fig. 5 and protocol 7 in Fig. 4) , is difficult to automate because it involves the use of phenol-chloroform. Protocol Q recovered a highly diverse estimate of the microbial composition, which it seems to achieve through efficient lysis of Gram-positive bacteria and does so in a way that is easy to implement and use across facilities.
Protocol extraction accuracy
In order to estimate the accuracy of the proposed extraction methods, we designed a mock community with known bacterial species and respective abundances to use as a baseline. While this provided a standard to compare to, the culturing, mixing and accurate abundance estimation of such a community are complex. Historically, multiple attempts have met with problems in recovering the expected abundance profiles with either metagenomic or 16S rRNA gene amplicon sequencing 18, 28, 35 . We designed our mock community with a focus on the recovery of Gram-positive and Gram-negative bacteria, highlighted here and in previous studies as an important source of variation between extraction methods 16, 37 . It consisted of 10 bacterial strains that are generally absent from the healthy gut microbiome, so we could assess their abundance when mixed into real samples.
We accurately quantified cell numbers for each of the cultured species using optical density and cell counting by fluorescence activated cell sorting before mixing them in such a way that their abundances in the mock community spanned three orders of magnitude, to allow us to assess the quantification accuracy over a large dynamic range (Online Methods and Supplementary Data 2). We then added the mock community into stool samples from eight additional individuals and extracted DNA using the three best-performing protocols. Using the mock spike-in as a baseline, we estimated extraction biases in the background of interindividual microbiome variation. We found that all three protocols performed well (Fig. 6) , with protocol W performing best (median absolute error of 0.39×), as expected from the previous analysis, closely followed by protocol Q (median absolute error = 0.42×). While the estimated abundances deviated less than 0.5-fold in most cases, the estimation of Clostridia abundances showed considerable variance (between 0.5-and 10-fold) even under the best performing protocols, highlighting the potential for further improvement. Mock only
Spike-in Figure 6 Mock community extraction quality. Using 10 bacterial species, mixed at known relative abundances, as a baseline, we show that the estimation obtained from the various extraction methods are generally correct, using a median absolute error measure. To account for compositional effects, we report log-ratio transformed values relative to the geometric mean. Top: the median estimated abundance across ten extractions, with the ground truth value indicated by a dashed line for each species. Gray bars show the estimated abundance from optical density measurements of the mock community. Bottom: the full distribution of the estimated abundances, highlighting that obtained by extracting DNA from the mock community itself, as opposed to extracting DNA from a sample to which the mock community has been added before extraction. Gram-positive bacteria are highlighted by a tan background the two panels.
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DISCUSSION
We have shown that, of all the factors quantified herein, variations in DNA extraction protocol have the largest effects on the observed microbial composition. The outcome of extraction protocols can be influenced by many variables, creating a parameter space that is challenging to test exhaustively. Instead we chose to evaluate methodologies already in use in the microbiome field and thus compare between already established extraction protocols. In this context, we recognize that our study has the limitation of identifying only those protocol steps that are in common use, though we also note good agreement between the variables identified to be important with results of previous, more focused comparisons 13, 14, 35, 37, 38 . Protocols were compared for extraction quality and validated for transferability, ensuring reproducible use. Although for particular applications some of the tests are more important than others (for example, in a multisite consortium, reproducibility across labs is more important than in an in-depth study in one location), protocol Q seems to be the best overall and should suit most applications. We further tested the quantification accuracy of the best-performing protocols by using a mock community and showed that protocol Q had a median absolute quantification error of less than 0.5×.
We anticipate that procedures for DNA extraction will likely further improve in the future and propose that protocol Q can serve as a potential benchmark for new methods. While we have only tested this protocol on stool, it might also work well with other samples. However, we caution that additional considerations may apply, such as that of kit contamination 39 , which may differ between the protocols investigated here and would, for example, have a high impact on samples with low biomass.
Protocol Q, together with standard methods for sample collection and library preparation, can be found on the IHMS website (http:// www.microbiome-standards.org/) and in the Online Methods. Taken together, our recommendations, if implemented across laboratories, may improve cross-study comparability and with this, our ability to make meaningful inferences about the properties of the microbiome.
METHODS
Methods, including statements of data availability and any associated accession codes and references, are available in the online version of the paper. DNA extraction methods. The 21 extraction protocols compared in the present study were implemented and used in the participating laboratories. They employ a wide range of commercial kits, as summarized in Supplementary Data 1. Detailed step by step descriptions are available in Supplementary Methods, numbered accordingly.
Library preparation and sequencing. Standard library preparation started with fragmentation of 250 ng genomic DNA to a 150-700-bp range using the Covaris E210 instrument (Covaris, Inc., USA). The SPRIWorks Library Preparation System and SPRI TE instrument (Beckmann Coulter Genomics) were used to perform end repair, A-tailing and Illumina-compatible adaptor (Bioo Scientific) ligation. We also performed a 300-600-bp size selection to recover most of the fragments. DNA concentration measurements were all performed at Genoscope, using Qubit (fluorometric dosage), and DNA quality was assessed by 0.7% gel migration.
DNA fragments were then amplified by 12 cycles of PCR, using Platinum Pfx Taq Polymerase Kit (Life Technologies) and Illumina adaptor-specific primers. Libraries were purified with 0.8× AMPure XP beads (Beckmann Coulter). After library profile analysis by Agilent 2100 Bioanalyzer (Agilent Technologies, USA) and qPCR quantification, the libraries were sequenced using 100-base-length read chemistry in paired-end flow cells on the Illumina HiSeq2000 (Illumina, San Diego, USA).
In the second library preparation protocol, the three enzymatic reactions were performed by a high-throughput liquid handler, the Biomek FX Laboratory Automation Workstation (Beckmann Coulter Genomics), especially conceived for library preparation of 96 samples simultaneously. We term this the high-throughput prep, and it was applied in parallel to a subset of 12 samples, allowing us to compare the differences introduced by this step alone. Size selection was skipped. DNA amplification and sequencing were then performed as in the first approach.
Determining taxonomic and functional profiles. For determining the taxonomic composition of each sample, shotgun sequencing reads were mapped to a database of selected single-copy phylogenetic marker genes 19 and summarized into species-level (mOTU) relative abundances. Functional profiles of COGs were computed using MOCAT 29 by mapping shotgun sequencing reads to an annotated reference gene catalog as described in Voigt et al. 23 . COG category abundances were calculated by summing the abundance of the respective COGs belonging to each category per sample, excluding NOGs.
Comparison to other technical and biological variation. To contextualize the size of the effect introduced by different extraction methods, we assessed different effects caused by either technical or biological factors. These are due to variations within protocols, in library preparation, in sample preservation, within specimens, between timepoints sampled from the same individual and between individuals.
To assess the variation induced by different preservation methods (namely freezing and RNAlater) we used data from Franzosa et al. 24 and compared the same sample, preserved with the two different methods. For within specimen variation we used data from Voigt et al. 23 , in which they sampled the same stool multiple times at different locations along the specimen. As this study also used different storage methods for some samples, we were able to quantify the effect of both within-specimen variation and storage together. For the betweentimepoint and individual-effect assessments, we used time-series data from Voigt et al. 23 as well as data from a subset of stool samples from the Human Microbiome Project 31 . To ensure comparability across such different studies, we computed distances between all samples on the same subset of relatively abundant microbes by removing mOTUs whose summed abundance over all samples was below 0.01% of the total microbial abundance.
For assessing variation induced by library preparation, we used the same extracted DNA from 12 samples and subjected it to two library preparation methods (the standard and high-throughput approaches). The standard method was the one routinely used for library preparations presented in this study.
Statistical analysis.
To determine which species significantly differed in abundance between extraction methods, a Kruskal-Wallis test was applied for each species with nonzero abundance in at least two protocols, across both samples. To account for multiple testing, we applied a Bonferroni correction to the resulting P values and rejected the null hypothesis for any corrected value below 0.05.
Principal coordinate analysis was performed with the R ade4 package (version 1.6.2), using the dudi.pco function. A Life Sciences Reporting Summary is available.
Mock community cultivation. Bacteria were cultivated at 37 °C under anaerobic conditions in a vinyl anaerobic chamber (COY) inflated with a gas mix of approximately 15% carbon dioxide, 83% nitrogen and 2% hydrogen. For longterm storage, cryovials containing freshly prepared bacterial cultures plus 7% DMSO were tightly sealed and frozen at −80 °C. Prior to the experiment, bacteria were precultivated twice using modified Gifu anaerobic medium broth (mGAM, 05433, HyServe). Bacteria were mixed based on their OD, pelleted by centrifugation and resuspended in 0.05 vol RNAlater Stabilization Solution (AM7020, Thermo Fisher Scientific). We distributed 50 µL of this suspension to 2-mL safe-lock tubes (30120094, Eppendorf) and froze them at −80 °C for later DNA extraction and sequencing.
When assessing the relative abundances obtained from sequencing the mock community alone, we note the presence of ~6% Escherichia coli across all extractions, likely a contamination of the mock community itself and not a result of the DNA extraction. As we did not quantify the input of E. coli, it was not considered in subsequent evaluation. Apart from this, and after rarefying to comparable numbers of reads across the three tested protocols, we found no evidence of extraction-specific contaminants. However, this may be due to the large quantity of input material, which would mask the kit contaminants that are likely in low abundance 16 .
Flow cytometry. Bacterial cells were fixed in 70% ethanol and stored at 4 °C for later analysis at the cytometer. Cells were pelleted and rehydrated in PBS with 1 mM EDTA, aiming at a dilution of 0.6 OD 600 . We used propidium iodide (PI, Sigma-Aldrich; stock concentration 1 mg/mL resuspended in milliQ H 2 O) at a final concentration of 20 µg/mL as a fluorescent probe to label bacterial DNA. The cell suspension was sonicated five times for 10 s (0.5 s ON, 0.5 s OFF, 10% amplitude; Branson Sonifier W-250 D, Heinemann), interrupted by 4 min of cooling.
Samples were analyzed using a BD Accuri C6 Cytometer (BD Biosciences) equipped with a 488-nm laser. PI fluorescence signal was collected using a 585/40 bandpass filter. Absolute bacterial cell numbers were determined by addition of 50 µL of CountBright absolute counting beads (C36950, Thermo Fisher Scientific) with known concentration. At least 2,000 beads were acquired for each sample, and bacterial numbers were calculated following the manufacturer's indications. Postacquisition analysis was done with FlowJo software 10.0.8 (Tree Star, Inc.). All sampling and FACS analysis was performed in duplicate.
